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a b s t r a c t

This paper presents a simple and cost-effective UV-ablation technique for fabrication of size-tunable
nanofluidics devices via photochemical decomposition reaction. UV-irradiation through a PET photomask
results in continuous decomposition of poly(carbonate) (PC), forming nanochannel and carboxyl groups
on the surface of the etched PC. This photochemical decomposition process occurs at molecular scale,
therefore, the depth of nanochannels can be controlled at nanometer level. The etching rate is estimated

−1
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V-ablation
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rotein concentration
ioanalysis

to be ca. 0.015 nm s . To demonstrate the potential application of the present UV-ablation technique,
a nanochannel was fabricated and integrated with microchannels to form a micro/nanofluidics chip for
protein concentration. Using this device, about 103–105 fold protein concentration can be achieved within
10 min. The present approach offers a simple and practical solution to fabricate nanofluidics devices at
low-cost, and the resulting device could provide ideal platforms for �TAS towards various applications
in biology and chemistry.
. Introduction

In recent years, interests on microfluidics devices for analytical
hemistry or biochemistry have been dramatically increasing [1].

ith the fast progress in the fields of microfluidics and nanotech-
ology, further downsizing fluidic channels to nanometer scale can

urther reduce costs, processing time, amount of reagents necessary
or assay as compared with microfluidics systems; therefore, this
eld of nanofluidics is growing rapidly in the recent years.

Nanofluidics enable us to observe flow behaviors of fluids in
anostructures with at least one of the dimensions falling in the
anosize range, i.e., several to one hundred nanometers [2]. Nanos-
ructures promise various applications in chemical and biological
nalysis. For example, nanostructures integrated to microfluidics
orm micro/nanofluidics devices which have been successfully used
or protein concentration [3], enzyme kinetics assay [4], cell assays
5], single DNA analysis [6], and immonoassay [7]. In our previous
ork, we have reported on integration of nanostructures including
orous anodic alumina membrane [8], single nanochannel [9,10]
ith microfluidics for protein concentration and enzyme kinetics

ssay.

Up to now, various methods have been proposed to fabri-

ate nanofluidics devices and the progress of this area has been
lready reviewed recently [11]. In the fabrication of nanostructures

∗ Corresponding author. Tel.: +86 25 83597436; fax: +86 25 83685947.
E-mail address: xhxia@nju.edu.cn (X.-H. Xia).

039-9140/$ – see front matter © 2011 Elsevier B.V. All rights reserved.
oi:10.1016/j.talanta.2011.03.057
© 2011 Elsevier B.V. All rights reserved.

in microfluidics devices, bulk machining [12], surface machin-
ing [13], and mold machining [14], have been usually used. For
example, in the bulk machining process, nanochannels on various
substrates can be easily fabricated by using photolithographic tech-
niques. This method is simple in principle, and is suitable for mass
production. However, most lithographic methods are expensive.
Furthermore, in order to get smaller size channels, many sophisti-
cated techniques including electron-beam lithography and proton
beam writing are required. In the case of surface nanomachining
method, which is also called sacrificial layer technology, a bot-
tom layer is first deposited on a wafer. Then, a sacrificial layer is
deposited on the bottom layer, which is subsequently etched prior
to the formation of the final nanochannel. This method requires
relatively long time to remove the sacrificial layer. In the mold
machining method, a polydimethylsiloxane (PDMS) layer is directly
casted onto a mold with inverse shape of the desired structures to
form the nanochannels. Although this method is simple and has
been widely used in mass production, it requires the electron beam
lithography and focused ion beam milling techniques to fabricate
high-resolution nanoscale templates, which will certainly lead to
a higher cost. Therefore, the fundamental challenges imposed on
fabricating nanofluidics devices are to develop simple, low-cost
and rapid fabrication techniques of nanostructures. The developed
technique should also be accessible to normal laboratories.
Polymeric materials have been widely used in
micro/nanofluidics devices fabrication due to their distinct
advantages of low cost, ease of fabrication, and higher flexibility
over silicon, glass and quartz. The typical fabrication techniques
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n organic polymers mainly rely on hot embossing or imprinting,
njection molding, laser ablation, soft lithography, or X-ray pho-
olithography. However, these methods usually require specialized
nd expensive equipments, and are not commonly accessible to
ost laboratories. Recently developed photochemical etching

echnique is a simple and efficient means for micro-/nano-scale
ells fabrication and biomolecules patterning [15–18]. Tertiary-

mine-terminated poly(ethylene terephthalate) (PET) surface has
een synthesized by using a UV-light induced surface aminol-
sis reaction [16]. Thus, biomolecules such as proteins can be
atterned on the light-irradiated areas via the electrostatic inter-
ctions. Soper [17] and Chen [18] also demonstrated approaches
or efficient patterning of biological molecules and metal films on
oly(carbonate) (PC) surfaces through photochemical reaction. We
arefully studied this photochemical etching process and found
hat: (1) the photochemical etching reaction can continuously
ecompose the polymer at molecular level. Therefore, the etch-

ng depth can be controlled at nanoscale by properly choosing
V-irradiation time and UV-light intensity. During the process of
V-light irradiation, the photon energy of UV-light excites and
issociates most of the chemical bonds of the polymer, resulting in

ayer-by-layer ablation of the polymer. This phenomenon is similar
o the laser ablation, thus we rename this process as UV-ablation
n the present work. (2) The formed carboxyl groups resulting
rom UV-light photochemical decomposition can increase the
urface charge of the resultant micro/nanochannels, improving
he electroosmosis force. (3) The covalently bounded biomolecules
ould make the electroosmotic flow more stable, which is very

mportant for liquid manipulation on �TAS. (4) The UV lamp does
ot irradiate infrared ray, accordingly, thermal damage due to
eat generation to the polymer surface is negligible. This is strictly

mportant for fabricating nanochannels on polymer surfaces in the
ollowed assembly process. (5) This method is accessible to normal
aboratories. Therefore, we believe this simple UV photochemical
ecomposition method should be an alternative, facile and low
ost technique for fabricating nanochannels on polymer chips and
ill certainly promote progress of the nanofluidics research area.

In this work, learned from these advantages of photochemical
tching technique, we use this UV-ablation technique to fabri-
ate depth-tunable nanochannels and a micro/nanofluidics device
or protein concentration, in which a single nanochannel was
ntegrated on a microfluidics device (Fig. 1). The single nanochan-
el was achieved by exposing a PC substrate to UV-irradiation

or 20 min at a lamp-to-plate distance of 2.0 cm. The depth of
anochannel is estimated as ca. 18 nm according to the etching
ate. Using this device, about 103–105 fold protein concentration

an be achieved within 10 min.

In our previous work [9], an electric field breakdown technique
as been proposed to fabricate nano fissures. Although the resul-
ant nanofluidics can be successfully used to concentrate proteins

ig. 1. Schematic layouts of the micro/nanofluidics chips fabrication processes. (a) Nativ
f the photomask onto PC surface; (d) sealing PDMS with microchannels and four rese
icro/nanofluidics chip for protein concentration. Total length p–q = 16 mm.
5 (2011) 298–303 299

carrying the same charges as the nanochannel surface, the control
of channel size using this method is impossible. In addition, it is
impossible to fabricate single nanochannel with designed size. In
another report [10], the nanochannel was fabricated according to
the method described previously [19], and the work was focused on
the study of homogeneously enzymatic reaction kinetics of the con-
centrated enzyme. Similarly, the nanochannel cannot be fabricated
in a controllable way. As compared to the nanochannels fabrication
methods in our previous reports and others [9,10,19], the present
UV photochemical decomposition method for nanochannels fab-
rication shows many advantages as described above. Besides, the
present method provides us the possibility to fabricate nanochan-
nels with tunable size. We believe that the present facile fabrication
method offers a simple and practical solution to fabricate nanoflu-
idics devices at low-cost, and the resulting devices could provide
platforms for �TAS towards various applications in biology and
chemistry.

2. Experimental

2.1. Material and methods

Phosphate buffer (PBS, pH 7.0, 10 mM) solution was used as the
buffer system. Fluorescein isothiocyanate labelled dog serum albu-
min (FITC-DSA), rhodamine B, and fluorescein (FITC) were obtained
from Sigma and used as received. All solutions were kept in a freezer
to prevent deterioration. All liquid samples were prepared from
deionized water (18 M� cm, PURELAB Classic, PALL, USA) and fil-
tered through a 0.22 �m syringe filter to remove particulates prior
to use.

2.2. Micro/nanofluidics chips fabrication

The whole fabrication process of micro/nanofluidics device for
protein concentration is schematically shown in Fig. 1. Briefly, there
are three steps including (1) nanochannel formation on PC sheet by
UV-ablation, (2) microchannel formation on a PDMS slab, and (3)
final formation of a PC/PDMS micro/nanofluidics chip.

For nanochannel fabrication, a PC surface is exposed to 254-nm
UV-light with a power density of 5 mW cm−2 in a O2 con-
taining environment (e.g., air) using a commercially available
poly(ethyleneterephthalate) (PET, DIKA Official Limited Company,
Suzhou, China) film as the photomask since the PET film can hardly
transmit UV-light with wavelengths ranging from 200 to 285 nm
[20]. The width and length of nanochannels on PET were made
with a sharp knife. For fabrication of microchannels, a PDMS layer

was directly casted over an SU-8 photoresist mold deposited on
a silicon substrate fabricated by photolithography as previously
described [10]. Then, the PDMS slab with microchannels and reser-
voirs (m, n, p, q) was reversibly sealed to the etched PC plate

e PC plate; (b) UV-lights irradiated PC under a PET photomask; (c) pattern transfer
rvoirs (m, n, p, q) to PC with nanochannel reversibly; (e) formation of the final
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ig. 2. (A, a) Plot of channel depth as function of UV-irradiation time with plate-to
n the PC surface after 60-min UV-irradiation through a PET photomask. (C) AFM im

ith nanochannel to form a complete micro/nanofluidics chip. This
ssembly process similar to ones reported previously [10,19] pro-
uces a “reversible” bonding between PDMS slab and PC substrate
hat can be easily peeled apart. In our measurements, leakage of
uids or formation of bubbles in channels is not observed. The
eversible assembly avoids channels collapsing usually observed
n conventional thermal bonding process. In the present work, the
eight of the nanochannel is about 20 nm, the width 200 �m, and
he length 100 �m. The dimensions of the microchannel are respec-
ively 18 �m in height, 100 �m in width. The total length of the

icro/nanofluidics chip (p–q) is 16 mm long.

.3. Characterization of the etched nanochannel

The depth of etched nanochannels was measured on a pro-
lometer (Dektak 3, Veeco Inst Inc., USA). The morphologies
f the nanochannels were characterized using an atomic force
icroscopy (AFM, Picoforce, Veeco Inst Inc., USA).

.4. Instrumentation and electrical setup

Fluorescence detection and microscopic investigations were
erformed using an inverted fluorescence microscope (Nikon, Ti-
, Japan) equipped with a highly sensitive CCD color video camera

S45, Canon, Japan). NIS-elements BR 2.30 software (Nikon) was
sed for camera control and image processing. A laboratory-made
igh voltage power supply (0–5000 V) was used to apply electric
elds to the microchannels through platinum electrodes placed in
eservoirs. The applied voltage can be automatically controlled by
personal computer via an AD/DA converter, and the current is
onitored in real time and the corresponding data can be saved in

ext files.

.5. Proteins concentration procedures

In order to investigate the protein enrichment capacity of the
icro/nanofluidics device fabricated in this work, solutions of FITC-
SA in 10 mM PBS (pH 7.0) were used as demonstration. The

icro/nanofluidics chip for protein enrichment is schematically

hown in Fig. 1e. The enrichment procedures have been described
reviously [9,10]. Briefly, running buffer was first introduced in all
eservoirs to fill all the channels by squeezing slightly the buffer
distance 2 cm and 254 nm UV-irradiation. (A, b) Depth profile of the channel area
of a native PC surface (B, a) and 120-min UV-irradiated PC surface (B, b).

solution in the channels. Then, FITC-DSA solution was introduced
into the protein reservoir. Protein electrokinetic enrichment exper-
iments were carried out by a laboratory-made high voltage power
supply. Voltage was applied on the protein reservoir, with the waste
reservoir grounded and the other reservoirs floating. To prevent
nonspecific deposition of protein onto the PDMS and PC surfaces,
bovine serum albumin (5% solution in 10 mM PBS (pH7.0)) was
first filled in the microchannel for several hours for each new
micro/nanofluidics chip and followed by flushing with buffer solu-
tion until the current of the power supply levelled off.

3. Results and discussion

3.1. Formation of nanochannel

UV-light irradiation through the PET photomask (200 �m wide)
decomposes the PC continuously, resulting in the formation of
nanochannel and carboxyl groups on the surface of the etched PC,
while the properties and morphology of the masked area do not
change. A profilometer was used to characterize the morphology
of the nanochannel fabricated by 60 min UV-irradiation. It is found
that the etched nanochannel is trapezoidal with smooth corners, as
shown in Fig. 2A, b. UV-ablation does not produce obvious widening
effect in lateral size to the formed nanochannel as compared to the
PET photomask structure. However, edge effect in UV-ablation pro-
cess is observable as indicated by the arched bottom profile, which
is probably due to accelerated diffusion of oxygen at the edge area or
the unparallel UV-lights intensity. By controlling the UV-irradiation
time, channel depths from 0 to 140 nm can be fabricated within
irradiation time of 150 min at a lamp-to-plate distance of 2.0 cm
(Fig. 2A, a). The etching rate is estimated to be about 0.015 nm s−1.
Interestingly, UV-ablation results in a smoothing effect to the PC
surface. As shown by the atomic force microscopic images in Fig. 2B,
after 120 min UV-irradiation, the PC surface becomes smoother as
compared to the native PC surface. This phenomenon may imply
that the photochemical reaction occurs heterogeneously and starts
at defects, e.g., roughened sites. In addition, the UV lamp does

not irradiate infrared ray, accordingly, thermal damage due to
heat formation to the polymer surface is negligible. This is strictly
important for fabricating nanochannels on polymer surface in the
followed assembly process.
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Fig. 3. XPS spectra of UV-irradiated PC substrates. C 1s (A) and O 1s spectra

Poly(carbonate) (PC) structure contains an ester and a carbon-
te bond in each repeat unit. The photon energy of UV-light is high
nough and can excite and dissociate most of the chemical bonds to
orm free radicals at the polymer surface. The radicals readily react
ith activated oxygen species generated through the photo exci-

ation of oxygen molecules in the air, resulting in the formation of
arboxyl groups [21]. In addition, hydrolysis of the carbonate bond
enerates unstable carbonic acid, which further decomposes to CO2
22]. The gaseous decomposition products easily release from the
C surface, leaving channels with height at nanometer scale on
he polymer surface. Therefore, the release of gaseous decompo-
ition products from the ester group results in the formation of
anochannel on polymer surface. The shape of these nanochannels

s determined by the structure of photomask and UV-irradiation
ime. Furthermore, this conversion of polymer into gaseous prod-
ct does not contaminate the polymer surface. From Fig. 2B, it
an be seen that the PC surface becomes smoother as compared
o the native PC surface after UV-irradiation. This photochemical
ecomposition process occurs at molecular scale, something like
olecular epitaxy process. Therefore, depth of the nanochannel can

e controlled at nanometer level as expected.
In order to understand the photochemical reaction occurring

n the PC surface, C 1s and O 1s X-ray photoelectron spectroscopic

XPS) spectra of PC films before and after UV-irradiation were mea-
ured. The results are shown in Fig. 3 and detailed analysis data are
isted in Table 1.

able 1
hemical compositions of the PC substrates before and after 120 min UV-irradiation.

Native PC UV irradiated PC

Position
(eV)

Fwhm
(eV)

Area
ratio
(%)

Position
(eV)

Fwhm
(eV)

Area
ratio
(%)

C 1s components
C–C 284.9 1.05 86.81 284.9 1.43 71.06
C–O 286.5 0.81 9.41 286.5 1.43 15.23
C O 287.4 0.34 0.75 287.3 2.62 7.21
O C–O 290.7 1.01 3.03 288.9 2.55 6.51

O 1s components
C O 532.0–532.6 1.51 38.58 532.2 2.04 64.53
C–O 533.9 1.94 61.42 533.7 1.90 35.47
f a native PC; C 1s (B) and O 1s (D) spectra of the PC irradiated for 120 min.

The typical C 1s XPS spectrum (Fig. 3A) of a native PC consists
of three components centered at binding energies (BEs) of 284.9,
286.5, 287.4, and 290.7 eV, respectively corresponding to C–C, C–O,
C O, and O C–O groups [16,21]. After UV irradiation for 120 min,
the markedly different C 1s XPS spectrum is obtained (Fig. 3B). It
consists of four components centered at BEs of 284.9, 286.5, 287.3,
288.9 eV, which correspond to C–C, C–O, C O, and O C–O groups,
respectively [16,21]. It is noteworthy that the band intensity for the
C O groups increases from 0.75% to 7.21% after the UV-irradiation,
the relative intensity of the C–C groups decreases from 86.81%
(native PC) to 71.06% (UV-irradiated PC); while the intensity for
the O C–O group increases considerably from 3.03% (native PC) to
6.51% (irradiated PC). The O 1s XPS spectrum (Fig. 3C) of the native
PC consists of two components centered at BEs of 532.0–532.6,
and 533.9 eV, corresponding to C–O and O C–O groups, respec-
tively. After UV-irradiation, the relative intensity of the C–O groups
decreases from 61.42% (native PC) to 35.47% (irradiated PC); while
the intensity of the C O group increases markedly from 38.58%
(native PC) to 64.53% (irradiated PC) as indicated in Fig. 3D. The
results demonstrate that photochemical decomposition of ester
side groups in the PC unit occurs.

3.2. Electroosmotic flow (EOF) measurements

The electroosmotic flow (�EOF) was determined with the elu-
tion time of a neutral marker hydrogen peroxide [10]. The neutral
marker is carried through the channel under the action of only elec-
troosmotic flow and the �EOF can thus be evaluated using Eq. (1),
where L is the length of separation channel, V is the applied sepa-
ration voltage, and t is the migration time of the neutral marker.

�EOF = L2

Vt
(1)

For nanofluidics devices fabricated on polymer materials, elec-
troosmotic flow is often slow due to the low surface charge density.
In the present approach, carboxyl groups generated simultane-

ously as the nanochannel forms. Therefore, the channel surface
exhibits substantially higher water wettability (Fig. S1) and elec-
troosmotic flow (Table 2), which is crucial for liquid manipulation
in nanochannels. All these advantages promise the present method
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Table 2
The �EOF values for the glass/PDMS microchip, PC/PDMS microchip and PC/PDMS
nanochip.

Types of chips �EOF/cm2 V−1 s−1 Standard
deviation

Glass/PDMS Microfluidics chip 2.48 × 10−4 5.8%
PC/PDMS (pristine) Microfluidics chip 1.77 × 10−4 6.4%
PC/PDMS (90 min Microfluidics chip 2.26 × 10−4 6.1%
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irradiation) Nanofluidics chip 7.5 × 10−5 7.2%

or fabrication of polymeric micro/nanofluidics devices for bioanal-
sis.

.3. Enrichment capacity of the micro/nanofluidics chip

The protein concentration experiments were first operated on
he device illustrated in Fig. 1A. To prevent nonspecific binding of
roteins onto PDMS and PC surface, bovine serum albumin was

ntroduced into the microchannel and incubated for several hours
or each new micro/nanofluidics chip. Then, they were flushed
horoughly with buffer solution. Upon application of a 400 V high
oltage to the protein reservoir (anode) and waste reservoir (cath-
de), the negatively charged fluorescein isothiocyanate labelled
og serum albumin (FITC-DSA) sample is concentrated at the
nodic electrode side in front of the nanochannel. Three different
nitial concentrations (0.1, 1.0, 10 �g ml−1) samples were used to

tudy the enrichment effect. Fig. 4B shows the plot of concentration
f FITC-DSA as a function of enrichment time at a voltage of 400 V.
he inset shows the enlarged plot of 0.1 �g ml−1 FITC-DSA. From the
hange of fluorescence intensity, it can be known that at the first

ig. 4. (A) Time sequence photo images (a–d) of 10 �g ml−1 FITC-DSA in 10 mM PBS (pH
f 400 V between proteins reservoir and waster reservoir for 0, 180, 200, 300 s, respectiv
oltage of 400 V as a function of enrichment time. The inset shows the enlarged plot of 0.

ig. 5. (A) Time sequence photo images (a–c) of 0.4 �g ml−1 FITC in 10 mM PBS (pH 7.0) in
etween the feeding reservoir and waster reservoir for 180, 200, 300 s, respectively. Th
onditions as FITC enrichment experiments. (B) Plot of FITC concentration at voltage of 40
5 (2011) 298–303

150 s enrichment time, the enrichment effect is not clear. This time
period is mainly used to drive samples in the microchannel. Increas-
ing the time further results in rapid enrichment of FITC-DSA in
front of the nanochannel and soon reaches saturation. The proteins
enrichment results indicate that the present micro/nanofluidics
chip has a perfect protein enrichment capacity which is compa-
rable to previous reports obtained on various nanofluidics devices
[9,10,19].

The concentration mechanism can be explained by the
exclusion-enrichment effect (EEE) [9,10,19]. When buffer is filled
into the channels, an electrical double layer (EDL) forms imme-
diately at the liquid–solid surface. For a typical buffer solution
with ionic strengths from 1 to 100 �M, the EDL thickness ranges
from 1 to 10 nm. Since this thickness is neglectable in micrometers
scale, the EDL has little influence on the transport of charged ana-
lytes in microchannels. However, when the channel size shrinks
to nanometer scale, the transport of charged analytes will differ
significantly from that in microchannels for the thickness of EDL
is comparable to the nanochannel radius. The potential within the
nanochannel is dependent on the surface charge of the channel
wall, negative for positively charged surface, and vice versa. There-
fore, co-ions (the same charge as the surface carrying) can pass
through the nanochannel and the counter-ions are excluded due to
the electrostatic interactions. In the present case, the nanochannel
wall carries negative charges, therefore, anions will be concen-
trated in front of the nanochannel, whereas cations (or counterions)
can transport through it.
To confirm the EEE mechanism in our system, additional exper-
iments were performed. Small molecular probes, rhodamine B
and fluorescein (FITC), were also used to investigate the concen-
tration mechanism. In the present buffer system used (pH 7.0),

7.0) in the micro/nanofluidics device. Images were taken after applying a voltage
ely. (B) Plot of FITC-DSA concentration from three initial concentration samples at
1 �g ml−1 FITC-DSA.

the micro/nanofluidics device. Images were taken after applying a voltage of 400 V
e image (d) from 0.4 �g ml−1 rhodamine B was collected at 300 s under the same
0 V as a function of enrichment time.
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hodamine B is positively charged and fluorescein is negatively
harged. According to the EEE mechanism, anionic analytes can-
ot pass through the nanochannels. This is further confirmed by
he experimental results shown in Fig. 5. Rhodamine B can eas-
ly pass through the nanochannel and no concentration occurs;

hile the positively charged fluorescein cannot pass through the
anochannels and is thus accumulated in front of nanochannels of
he micro/nanofluidics devices. Based on this phenomenon, we suc-
essfully established a label-free DNA sensor using nanochannels
23].

. Conclusion

In summary, we have presented a simple and cost-effective
ethod for fabrication of nanofluidics devices based on photo-

hemical decomposition reaction. This technique is simple, fast
nd low-cost, and is accessible to most laboratories. Obviously,
he present approach offers many obvious advantages over other
pproaches. The photochemical decomposition reaction occurs
t molecular level, thus, it allows facile control of the channel
epth at nanoscale level. The carboxyl groups generated from
hotochemical reaction considerably improve the wettability and
lectroosmosis of the channels, and can be further used to pattern
iological molecules. The observed smoothing effect of the UV-
blation method would be an additional advantage being critical
o nanofluidics devices fabrication. Our results have shown that
he fabricated nanofluidics device can be successfully used for pro-
eins concentration. These results suggest that nanofluidics devices
abricated using the UV-ablation method are specially promising
o the study of chemical and biological reactions on nanoscale.

e expect that the present fabrication method and the result-
ng nanostructures with functionalized surfaces could provide new
latforms for nanofluidics development towards various applica-
ions in biology and chemistry such as concentrations, filtrations,
eterogeneous enzymatic reaction kinetics, immunoassays, and
iosensors.
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Appendix A. Supplementary data

Supplementary data associated with this article can be found, in
the online version, at doi:10.1016/j.talanta.2011.03.057.
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